Introduction
The skeletal musculature in healthy individuals has substantial regenerative capacity. Activation of quiescent muscle stem cells (satellite cells) in response to physical trauma facilitates the production of new myonuclei capable of fusing with damaged muscle fibers to restore structure and contractile function to extant myofibers. If damage to a given fiber is extensive, as in certain disease states, satellite cell-derived myoblasts are capable of proliferating and fusing with each other to generate new fibers to replace those lost to injury. However, genetic defects in sarcolemmal, contractile, or extracellular matrix (ECM) proteins can result in dystrophic phenotypes that are wholly or partially incapable of regenerating damaged muscle tissues. Moreover, concomitant altered expression of other muscle genes can lead to progressive breakdown and scaring of healthy tissue, leading to gradual muscle wasting and eventually death. Often in such cases, the repair mechanisms cannot overcome the high level of fiber necrosis and death that occurs because the structural integrity of the muscle fiber has been lost. To better care for patients with the approximately 30 known muscular dystrophies, improved model systems are required with which to study the mechanisms responsible for disease onset, as well as the pathological progression of the disease and potential therapeutic targets.
Animal models will always have their place in the elucidation and confirmation of disease mechanisms. In terms of muscular dystrophy, there are currently more than 50 animal models of DMD alone, including non-mammalian (Caenorhabditis elegans, zebrafish, among others), mouse, dog, rat, and pig-based systems [1] . The study of these animals, as well as animal models of other dystrophic conditions, over the past 30 years has provided a staggering amount of data on the pathology of dystrophic muscles, and served as successful preclinical platforms for the development of novel therapeutics. However, it has become increasingly clear that animal models cannot fully recapitulate the clinical, physiological, and biochemical manifestations of human disease [2] [3] [4] . Furthermore, animal-based screening systems are inherently low throughput, making it expensive, time consuming, and often impossible to delineate tissue-specific responses from compensatory effects. Despite these shortcomings, animal models will be required during preclinical assessment as a means to evaluate off-target responses, behavioral changes, and phenotypic improvement to treatment with novel therapeutics. However, in vitro models using patient-derived cells that are high throughput, fully defined, and biomimetic constitute exciting new technologies to augment current in vivo studies. Such models provide investigators with a more comprehensive understanding of human skeletal muscle physiology and development in dystrophic disease states, and enable collection of more predictive data in terms of the effect of new chemical entities on human tissues. In this way, a combination of in vivo testing and in vitro screening using engineered human muscle models will likely lead to more stringent control of compounds progressing to clinical trial, and thereby ensure better translation of benchtop results to the bedside.
Here, we discuss a range of skeletal muscle modeling technologies, with a specific focus on efforts to generate biomimetic systems to enhance the future study of dystrophic pathology in vitro.
Skeletal muscle physiology and dystrophic pathophysiology
Skeletal muscle comprises highly oriented, unbranched, contractile fibers arranged to bring about controlled contraction of the tissue [5] . Each muscle fiber is a single multinucleated cell [6] that ranges in length from 1 mm to several cm and can even run the length of the muscle [7] (Fig. 1a) . Sarcomere shortening is the basis for muscle contraction and is initiated by a rise in cytosolic Ca 2+ , upon the arrival of an action potential at the neuromuscular junction and the subsequent depolarization of the postsynaptic fiber [6] . Influx of Ca 2+ into the cell triggers the reconfiguration of the actin-tropomyosin structure by the troponin complex, allowing the myosin heads to cyclically bind to previously unavailable sites on the actin molecule and ratcheting the two Z discs together [6, 8] . Rapid sequestration of cytosolic Ca 2+ then returns the actintropomyosin structure to its original conformation, blocking myosin head binding, and resulting in relaxation [8] . Structural integrity of the muscle cell during contraction is facilitated by costameres; striated muscle-specific focal adhesions that bind sarcomeres to the muscle fiber membrane [9] . These structures laterally transmit contractile forces from active sarcomeres across the sarcolemma to the surrounding ECM, and to nearby muscle cells. Lateral transmission of contractile force ensures the maintenance of uniform sarcomere length between adjacent muscle cells from different motor units (i.e. activated by separate motor neurons) within a skeletal muscle. In doing so, costameres mechanically fortify the tissue to minimize stress imposed on the relatively fragile lipid bilayer, and thereby protect the tissue from undergoing repetitive, shear-induced damage [9] . Skeletal muscle dystrophies represent a heterogeneous group of diseases that arise predominantly through mutations in genes that encode structural components of muscle fibers, costameric proteins in the sarcolemma, proteins of the ECM, and some modifying enzymes [10] . DMD is the most prevalent and severe form of muscular dystrophy. This condition, along with a milder form called Becker muscular dystrophy (BMD), arises from mutations in the dystrophin gene, which results in either a complete loss of the protein from muscle fibers, or expression of a truncated, partially functional isoform. Dystrophin links the sarcomere to costameric complexes in the muscle membrane as part of the dystrophin glycoprotein complex (DGC) [10] . Mutations in several genes encoding proteins of the DGC, such as the dystroglycans, dystrobrevin, and the sarcoglycans, have all been linked to various forms of muscular dystrophy. Dystrophin and the DGC proteins collectively act as shock absorbers that reduce the mechanical strains put on the membrane during muscle contraction. In the absence of functional dystrophin and/or components of the DGC, the high tension generated by repetitive cycles of lengthening and contracting produces microtears in the sarcolemma, rendering it permeable to extracellular Ca 2+ and leading to Ca 2+ overload and mitochondria-dependent necrotic cell death [11] [12] [13] . Experiments in transgenic mouse models that have directly manipulated store-operated Ca 2+ entry by altering the expression of transient receptor potential (TRPC), stromal interaction molecule (STIM), or calcium release-activated calcium channels (ORAI) have demonstrated that Ca 2+ leakage is sufficient to cause a dystrophic disease state [11, 13] . Along with membrane instability, unregulated Ca 2+ entry can also occur with a loss of function in genes that encode membrane repair mechanisms, such as dysferlin, which has also been identified as a genetic determinant of limb girdle muscular dystrophy [14] . Despite variation in disease etiologies, one commonality is that dystrophic muscles are constantly undergoing cycles of muscle fiber death and regeneration [15] . Thus, the pathologic hallmarks of the disease include elevated serum creatine kinase, fibrosis, and inflammation from muscle fiber degeneration, as well as fibers with centrally located nuclei and extremely small fiber diameters, indicative of fiber regeneration (Fig. 1b) . Moreover, skeletal muscle tissues in patients with dystrophy fail to repair injured fibers adequately, leading to exacerbation of the fibrotic response [16, 17] and the replacement of muscle with adipose tissue [18] . In such patients, this pathology leads to the clinical presentation of muscle weakness and fatigue, pseudohypertrophic muscles, and poor ambulation.
Several informative animal models for muscular dystrophy have been studied for years. Such models have been successful in providing proof of concept and preclinical validation for several therapeutic strategies, including targeted gene therapy to promote exon skipping and the formation of truncated dystrophin proteins [1] . As a result of inefficiencies with current chemistries, such therapies have yet to transition effectively to humans. Regardless, such data serve to highlight the potential utility of animal models in developing treatments for muscular dystrophy. Despite the numerous successes of animal studies, inherent biochemical and physiological disparities between species, including differences in absorption, distribution, metabolism, and excretion (ADME) of xenobiotics, can cause substantial differences in the efficacy and toxicity of novel compounds between animals and humans [19] . This, coupled with the inherently low-throughput nature of animal studies, limits the utility of such systems for the effective and reliable preclinical evaluation of novel therapeutics. Therefore, humanized in vitro models offer an attractive opportunity to augment current preclinical disease modeling and drug screening studies and improve their ability to predict compound action in humans [20] . However, given the need for aggressive mechanical manipulations and a high degree of cellular maturation to elicit clinically relevant phenotypes in dystrophic muscle, traditional culture systems can be ineffective for studying the cellular and molecular underpinnings of dystrophic pathology. Therefore, there is a need to develop more accurate representations of skeletal muscle in vitro, to better model the physiology of the adult tissue and its breakdown during disease initiation and progression.
Tissue engineering approaches for generating skeletal muscle models
The ability to predict adult human tissue responses accurately during preclinical assessment is predicated based on the capacity of the culture system to generate myogenic cells that are sufficiently mature to mimic the physiology of their counterparts in the intact organism. To complicate matters, several muscular dystrophies, such as DMD, are developmentally late-onset conditions, suggesting that engineered skeletal muscle comprising immature cells will be incapable of accurately recapitulating the disease phenotype seen in the adult patient. Therefore, to gain widespread acceptance, engineered skeletal muscle will need to be created using methodologies that recapitulate embryonic development as much as possible and promote maturation of cultured skeletal muscle cells so that they closely resemble native architecture and function [20] .
The anisotropic functional architecture of skeletal muscle dictates several key factors that any in vitro model must emulate, namely the ability to promote differentiation of muscle precursor cells (myoblasts) into densely packed myotubes (myofibers), oriented into fascicles capable of performing uniaxial contraction [5, 6] (Fig. 1a) . While such platforms are relatively widespread [21] [22] [23] , each has deficiencies that cause the functional and physiological maturation of cultured muscle constructs to fall short of the characteristics of intact muscle.
Methods for maturing cells in vitro typically center on the ability to more precisely mimic the in vivo niche for a given cell type [24] . Consequentially, engineered skeletal muscle tissues require the creation of an in vitro microenvironment that provides anisotropic guidance cues [25] , biomimetic substrate elasticities [26] , 3D matrices (including anchoring moieties) [27, 28] , incoming mechanical Skeletal muscle physiology in normal and dystrophic muscles. (a) Schematic representation of skeletal muscle illustrating the hierarchical structure of the tissue. Individual fibers are surrounded by a layer of extracellular matrix (ECM; the endomysium), and are grouped together into fascicles. Multiple fascicles are banded together by a second ECM layer (the perimysium), and the entire tissue is surrounded by a third ECM layer (the epimysium). Breakdown of interactions between muscle cells and the complex network of ECM fibers surrounding them leads to increased levels of cell membrane stress, Ca 2+ leakage, cell death, and fibrosis, which in turn manifests as progressive muscle weakness in patients with dystrophy. (b) Cross-sections of normal (i) and Duchenne muscular dystrophy (DMD) (ii) human gastrocnemius skeletal muscle stained with hematoxylin and eosin. The normal muscle biopsy shows relatively uniform fiber diameters, peripherally located nuclei, with no fiber degeneration, inflammation, or endomysial fibrosis. By contrast, the DMD tissue contains smaller and more rounded fibers, reflecting the patient's younger age, as well as small basophilic regenerating fibers, necrotic fibers, and scattered inflammatory cells. Adapted from [117] (a).
and electrical stimuli [29] , and interaction with support cells and tissue types (including cartilage [30] , endothelial [21] , and peripheral nervous system elements [31] ). Successful integration of such a comprehensive battery of maturation signals will lead to the generation of more biologically accurate engineered muscle tissues for both in vitro and in vivo applications. However, exactly which cues are necessary and sufficient to promote the generation of constructs exhibiting adult phenotypes indistinguishable from native tissues are yet to be elucidated. The major methods so far used to promote physiologically relevant skeletal muscle development and maturation in vitro, and the implications of the work to date in the context of effective dystrophic disease modeling, are discussed below.
Aging
Although most sources of cultured human myoblasts reach a degree of functionality within 2-3 weeks, such cells typically take months or even years to attain an adult phenotype in vivo, indicating a time-dependent mechanism underlying the regulation of tissue development [32] . Given the importance of time in promoting maturation in living systems, it is not surprising that the most well-established and reliable method for improving the maturation state of cells in vitro is to increase the length of time they are maintained in culture before analysis.
Studies of the contractile properties of human and rodent skeletal myotubes in vitro highlight that myotube contraction generates significantly more force after 3 and 4 weeks in culture than is observed following 2 weeks [21, 33] . Improvements in sarcomeric development [34] , myosin heavy chain (MyHC) expression patterns [35] , and myotube hypertrophy [21] have also been reported, indicating that improved functional outputs correlate with physiological and structural markers of myogenic maturation over this time course. Gene expression analysis of long-term skeletal muscle cultures has likewise demonstrated an upregulation of developmentally more mature MyHC isoforms [35] , suggesting that these cells are able to modulate their transcriptome with age.
Although long-term culture is a well-established means to promote cellular maturation, reliance on such extended developmental timelines limits enthusiasm for this method of generating tissues for widespread preclinical and clinical applications. Given the obvious issues with throughput and long lead times before a specific cell population would be suitably matured for use, researchers are now pursuing alternative methods to promote maturation in cultured muscle cells.
Anisotropy
Skeletal muscle tissues are exquisitely aligned in vivo to facilitate their biological function [36] . Specifically, skeletal muscle fibers are oriented uniaxially between tendons to enable directional contraction and skeletal manipulation [37] . Both skeletal and cardiac muscle cultures maintained on nanoscale topographies show enhanced cellular alignment over cells on unpatterned plastic [38, 39] . Furthermore, cells aligned in this manner undergo maturation in terms of MyHC isoform expression, sarcomere development, and muscle regulatory factor expression profiles [38, 40] . Chemical surface patterning using hydrophilic and hydrophobic self-assembled monolayers has also been used to promote the uniaxial alignment of cultured myogenic cells, and such surfaces have been shown to promote myotube maturation, characterized by greater levels of sarcomeric structural development [41] . Similarly, microcontact printing has proven effective for patterning skeletal muscle culture surfaces that promote alignment and rates of fusion for differentiating myotubes [42] .
Experiments utilizing thermoresponsive nanofabricated substrates (TNFS) have enabled the production of aligned skeletal muscle cell sheets that can be detached from the culture dish by altering ambient temperatures [43] (Fig. 2a) . Such patterned cell sheets retain their structural anisotropy once detached from their nanopatterned substrates. Moreover, stacking of multiple detached sheets at varying angles demonstrates that individual cell sheets maintain their internal alignment for at least 7 days, regardless of the orientation of neighboring sheets [43] . Such technology represents an exciting possibility for the generation of 3D, cell-dense tissue patches with controllable interlayer orientations. Application of this technology in conjunction with human skeletal muscle cell types represents a promising option for the development of more physiologically structured tissues with complex anatomical features. Such tissues could be of considerable utility for modeling diseases in which lateral connectivity between anisotropic muscle fibers and their surrounding matrix is impaired, as is the case in muscular dystrophy.
Substrate elasticity
Contractile cell types, such as skeletal muscle myotubes, are highly influenced by the mechanical properties of the surrounding tissue. When supplanted in vitro, the mechanical properties of the culture substrate likewise have a pivotal role in modulating the development of the seeded cells. A major issue for the long-term maintenance of skeletal muscle cultures is the rigidity of the culture substrate, given that even relatively immature muscle cells slowly increase both their force of spontaneous contractions and their passive tension, thereby pulling themselves off the surface. Studies have shown that substrate elasticities that mimic the native skeletal muscle milieu promote enhanced satellite cell proliferation and differentiation to myoblast precursors [26, 44] . Furthermore, modulation of substrate elasticity and biopolymer coatings has been found to exert significant effects on sarcomeric development in terminally differentiated myotubes [45] [46] [47] . Logically, a substrate stiffness that emulates that of the native tissue will produce optimal skeletal muscle maturation in terms of striated sarcomere development, thus emphasizing the importance of biomimicry.
Three-dimensionality 2D in vitro environments provide a fundamentally alien setting for cultured cells. The rigidity of the substrate, as mentioned above, negatively affects the development of cells, at least in part because the binding of cell surface receptors to substrate ligands only occurs on one side of the cell, leading to aberrant signaling from the cell surface to the nucleus. By contrast, 3D constructs enable binding of the cell to ECM proteins over the entire cell surface, creating a more biomimetic microenvironment for the seeded cell. Moreover, flexibility of the 3D matrix promotes cellular maturation [27] , and application of uniaxial anchoring points can lead to the development of cellular anisotropy because cells reorganize along the lines of principal strain within the construct [22, 23] (Fig. 2b) . Recent advances in bioprinting technology provide further options for the synthesis of complex 3D muscle tissues with a greater degree of reproducibility and uniformity for application in high-throughput drug screens and disease-modeling assays [48] .
Two additional advantages of 3D tissue modeling, apart from improved maturation, are the ease of integrating complex electromechanical conditioning protocols (discussed below), and the ability to measure contractile force output directly [49, 50] . The latter readout enables real-time analysis of functional development in these engineered tissues, theoretically facilitating highthroughput screening of muscle responses to drug treatment, or the comparison of functional characteristics between wild-type and dystrophic engineered muscles [51] .
Studies have shown that doping of engineered 3D muscle matrices with factors capable of promoting muscle maturation is a viable option for further advancing cellular development in vitro. For example, investigations into cells grown on surfaces treated with Arg-Gly-Asp (RGD) peptides, which promote integrin binding to the substrate, have shown improved expression of differentiated skeletal muscle markers by up to 50% [52] [53] [54] . An indepth review of different scaffold matrix options for muscle engineering and a discussion of the various factors with potential to improve the biomimicry of the engineered tissue niche are beyond the scope of this review, but are available elsewhere [55] .
Electromechanical conditioning
As is the case for exercise in vivo, physical stimulation regimens have the potential to promote the maturation of functional performance in engineered muscle tissues. The application of controlled electrical stimulation to induce active muscle contraction, and mechanical stimulation (stretch) to alter passive muscle loading, are used to mimic work, and have been conclusively shown to promote the maturation of muscle cells in vitro [56, 57] .
Mechanical loading regimens have been found to cause significant alterations in skeletal muscle structure and function through the activation of numerous intracellular signaling mechanisms, including the mitogen-activated protein kinase/extracellular signal-related kinase (MAPK)/(ERK), reactive oxygen species (ROS), and Rho pathways [56, 58, 59] . Similarly, both uniaxial static and cyclic stretch are known to have beneficial effects on engineered skeletal muscle construct survival, alignment, hypertrophy, and differentiation. Specifically, Candiani et al. [60] demonstrated that application of a biomimetic stretch regimen (2-day steady ramp stretch to 3.3%, then cyclic 5-pulse, 0. www.drugdiscoverytoday.com 1391 alignment, differentiation, and contractile properties [61] . Mechanical loading has also been shown to elicit skeletal muscle fiber switching in cultured myotubes toward a slow/oxidative phenotype [62] , demonstrating how careful control of the physical niche can reproduce environmental conditions that impact the native slow:fast twitch fiber ratio.
Analogous to mechanical stimuli, exposure of muscle cells to long-term electrical stimulation is another component of exercisein-a-dish, and similarly encourages enhanced structural and functional development in the cultured cells. Electrical stimulation fosters myofiber maturation by altering mitochondrial density, MyHC expression, metabolic activity, and contractile force generation [22, 63] . Furthermore, modulation of stimulation regimens to mimic firing patterns in fast and slow motor neurons promotes fiber-type switching in cultured skeletal myotubes [64, 65] . As an alternative to electrical stimulation, recent work with optogenetics demonstrated successful expression of light-activated ion channels in cultured muscle cells, facilitating light activation of engineered muscle contraction [66] . Such technologies enable continuous long-term stimulation of cultured cells without the confounding build-up of toxic byproducts within the medium. Light activation of transfected muscle cells facilitates not only the selective activation of specific cells in culture for targeted stimulation studies, but also numerous possibilities based on the generation of light-activated bioactuators for use in pumps and robotics applications [67] .
The obvious step of combining electrical stimulation patterns with mechanical stretch regimens, while simultaneously enabling real-time monitoring of contractile performance, has also been attempted. For example, Liao and colleagues studied cultured rodent myotubes subjected to 20-V, 1-Hz electrical stimuli combined with 5 and 10% cyclic stretch [29] (Fig. 2c) . Measurement of myofiber striation, protein expression for muscle maturation markers, and contractile force demonstrated the positive effect that this combined stimulation package had on cultured cells above each stimulus alone and against unstimulated controls, thus demonstrating the additive benefit of coupling electromechanical maturation strategies.
To mimic a patient's life with a debilitating neuromuscular disease, mechanical loading regimens also offer the potential to exacerbate in vitro phenotypes when investigating dystrophic cells. A recent study utilizing a microfluidic-assisted cyclic mechanical stimulator to monitor membrane permeability in an in vitro model of DMD reported that, while static wild-type and DMD cells exhibited little difference in membrane leakage, mechanically stretched cells showed significantly different phenotypes, with greater permeability recorded from DMD cells [68] . Such data highlight the importance of biomimetic physical cues, not only for promoting physiologically relevant tissue development, but also for helping to stratify disease phenotypes between healthy and dystrophic cells within in vitro environments.
Matrix doping/medium supplementation
The addition of growth factors and other media supplements to induce greater levels of cellular maturation is a common technique across all cell types and can be particularly effective for muscle cell cultures. For example, insulin-like growth factor 1 (IGF-1) significantly improves myoblast differentiation and subsequent myotube maturation in culture, producing larger, more structurally developed fibers with more nuclei per fiber [69, 70] . Addition of neural agrin to culture medium has also been shown to upregulate dystrophin expression, enhance acetylcholine cluster formation, and improve twitch force production in engineered skeletal muscle tissues [71] . Treatment of skeletal muscle cultures with testosterone increased myogenic commitment and promoted IGF-1 upregulation [72] , while chronic exposure of myotubes to creatine led to significant improvements in the functional parameters of the cultured cells [73] . Similarly, transforming growth factor (TGF)-b treatment has been shown to improve peak twitch and tetanic contractile activity, as well as sarcomere development and organization, in scaffold-free engineered skeletal muscle tissues [74] . Studies have also investigated the addition of a variety of neuronal growth factors to muscle cultures, and demonstrated that such supplementation can significantly enhance myotube differentiation and sarcomeric development in cultured skeletal muscle cells [75] .
Co-culture
Finally, integration of skeletal muscle cultures with appropriate supporting cell types promotes cellular maturation, while simultaneously improving the biomimicry of the culture platform through the inclusion of other cell types present in the native tissue. The inclusion of motor neurons is critical to engineered skeletal muscle development because complete maturation of the tissue in vivo is dependent on innervation by infiltrating neuronal growth cones. Numerous studies have demonstrated that co-culture of muscle with motor neurons upregulates MyHC expression and improves contractile function and calcium handling [76] [77] [78] . In addition, the engineering of functional neuromuscular junctions in vitro [31, 79, 80] (Fig. 2d) could facilitate the modeling of peripheral neuropathies, such as amyotrophic lateral sclerosis and Charcot-Marie-Tooth disease [81, 82] . These conditions are currently incurable, so high-fidelity models of their pathologies may prove beneficial in advancing therapeutic development.
Integration of endothelial cells with skeletal muscle constructs improves vascular development within the engineered tissue, and improves engraftment upon in vivo implantation [83, 84] . Coculture of muscle constructs with tendon tissue does not significantly improve the functional development of the cultured myocytes, but does produce 3D tissue that more closely resembles native counterparts and results in myotendinous junctions able to withstand physiological strain rates [37] . While co-culture with certain subsets of muscle-adjacent tissues might not inherently improve the development and maturation of cultured skeletal muscle, there is little doubt that their resemblance to native tissue gives them greater utility for downstream applications, such as drug screening. For example, to adequately model dystrophic skeletal muscle, it would be beneficial to include the connections of the myofibers with the ECM, given that one of the functions of dystrophin is to anchor the internal actin cytoskeleton to the surrounding connective tissue. Compounds that can augment ECM connections (possibly by altering gene expression or by some other mechanism) and circumvent the need for dystrophin might be attractive drug candidates.
Although the development of complex multi-cell-type co-cultures improves function, maturation, and better recreates native tissues, it is noteworthy that, as the number of cell types increases in a given culture platform, maintaining optimal culture conditions for each cell type becomes more difficult. To date, no more than four human cell types have been successfully maintained in co-culture and skeletal muscle was not part of this cohort [85, 86] . Given the highly specialized nutritional requirements of many human cell types, elucidation of the optimal culture conditions at peak maturation would be difficult [87] . Furthermore, multiple cell types might in fact confound the interpretation of drug studies, because discerning exactly which cell type is responding to the treatment might be very difficult. Increased complexity arising from multi-cell-type co-cultures should only be considered if the specific interaction between the cell types is the focus of the inquiry (e.g. neuromuscular junction formation between motor neurons and myotubes for the study of peripheral neuropathies) or if the inclusion of supporting cell types is found to promote a maturation effect unachievable by alternative methods. Otherwise, the increased difficulty in developing optimal culture parameters will likely prove more of a hindrance than a help in the search to create more adult-like muscle cells and engineered tissues.
Induced pluripotent stem cells in skeletal muscle modeling
Patients with muscular dystrophy are clinically heterogeneous and, thus, lose the ability to walk over a wide age range [88] . This variation is caused by the fact that mutations in the dystrophin gene range from null alleles (severe forms) to partially functional alleles causing BMD [89] and contribute to substantial variability in patient responsiveness to a given therapy [90] . In addition, the effect of genetic modifiers, such as TGF-b-binding protein 4, can further increase variability in phenotype, even in patients carrying the same underlying genetic mutation [89, 91] . The range of symptomatic progression between patients with varied genetic backgrounds highlights how such differences can have a significant impact on overall pathology. There is currently no model of dystrophic skeletal muscle that is capable of accounting for such patient-to-patient variability before moving to clinical trials. Given that over 1000 different mutations in the dystrophin gene have been discovered so far in patients with DMD alone, patient-specific dystrophic myotubes derived from human iPSCs would be clinically transformative. To that end, researchers have successfully created an iPSC-based disease-in-a-dish model of DMD cardiomyopathy starting from the urine of patients [92] [93] [94] . Two reasons motivated these efforts to model the cardiomyopathy before the skeletal muscle pathology. First, the cardiomyopathy is what ultimately shortens the lives of patients with DMD. Second, experimental protocols to differentiate stem cells to cardiomyocytes are far ahead of similar small-molecule approaches to generate skeletal muscle. However, a landmark study using the mdx mouse model of DMD reported that myotubes could be differentiated from embryonic stem cells (ESCs) and that they exhibit an abnormal branched phenotype [95] . This result corroborated an earlier study with DMD patient biopsy-derived primary myoblasts showing defective myogenic differentiation [96] . Recently, work on the mdx mouse model provided evidence that DMD pathogenesis can be identified at the satellite cell stage. Dumont et al. reported that dystrophin is expressed in activated satellite cells, where it has a role in regulating symmetric cell division. Thus, dystrophin deficiency leads to a reduction in the generation of myogenic progenitors and, therefore, impaired muscle regeneration [97] . These studies suggest that skeletal muscle stem and/or progenitor cells, as well as myotubes, derived from dystrophic human iPSC lines should exhibit disease-related phenotypes. However, exactly how this will manifest within in vitro models of skeletal muscle has yet to be investigated in detail.
The differentiation of myoblasts and more mature myotubes from human iPSCs would be of substantial benefit to disease modeling, toxicity testing, and drug discovery efforts, because it would constitute a nearly inexhaustible source of muscle cells from individual patients. Accomplishing this would fulfill three essential disease-modeling needs: (i) enable the transfer of patientspecific genetic defects to the in vitro model, including potential genetic modifiers that have confounded or escaped study in currently available approaches; (ii) allow the physiology and biochemistry of the disease phenotype in the muscle cells on the dish to be compared with the clinical symptoms of the patient who donated the starting sample; urine in the case above; and (iii) facilitate the identification of a clinically relevant disease-specific readout, amenable to high-throughput screening, that can be attenuated or even reversed by potential therapeutic compounds. As mentioned above, methods for producing high-purity iPSCderived cardiac muscle cells are well established [98, 99] , although robust techniques for generating human iPSC-derived myoblasts capable of differentiating into functional skeletal muscle myotubes are less comprehensively available. Most efforts directed at deriving myogenic cells from human iPSCs to date have been based on the overexpression of myogenic transcription factors, such as Paired Box 3 (PAX3), PAX7, or Myogenic Differentiation 1 (MYOD1), by viral gene delivery. For example, Abujarour et al.
[100] overexpressed MYOD1 in human iPSCs from patients with DMD, and the resulting myogenic cells efficiently formed myotubes, a result that was contrary to previous studies with primary biopsied myoblasts from patients with DMD [101] [102] [103] (Fig. 3a) . Although this approach does produce myogenic cells, the random integration of viral DNA can limit cell proliferation, potentially mask disease-related phenotypes, or worse result in disease-causing insertional mutagenesis events. In addition, such protocols typically rely on nonhuman-derived media supplements, and are time consuming, in some cases taking over 5 months to reach a suitable endpoint [104, 105] . Recently, defined protocols for directing human iPSCs down the myogenic lineage using a chemical compound (CHIR99031) were reported, and have proven effective at pushing rodent and human stem cells to adopt a myogenic program, emphasizing a critical role for WNT signaling activation during the early stages of somite induction [95, 106] (Fig. 3b) . These defined myogenic protocols lead to the formation of robust myotubes in vitro [95, 107, 108] . However, the contractile functionality of these human iPSC-derived myotubes has yet to be demonstrated, and an in depth study of the maturation state of these cells has not yet been performed. In addition, it remains to be seen whether a suitable purification strategy with which to isolate expandable skeletal muscle stem and/or progenitor cells from disease-specific human iPSCs can be integrated with these techniques to produce highly pure myogenic populations for downstream applications, as is commonly implemented for iPSCderived cardiomyocyte production. For large-scale chemical com-pound-screening studies, such methods will be vital to ensure the generation of reliable and reproducible muscle cell populations.
In addition to obtaining patient iPSCs for modeling muscular dystrophies, gene-editing techniques might provide further potential to expand disease-modeling capacities using edited wildtype iPSCs. Recent work demonstrated the use of CRISPR/Cas9 gene editing to create dystrophin-null cardiac muscle cells with similar phenotypes to patient iPSCs [92, 93] . The establishment of more robust methods for producing skeletal muscle myoblasts from iPSCs could open similar strategies for producing dystrophin-null myotubes for in vitro analysis. Recent research showed that CRISPR/Cas9 editing in a mouse model of DMD can be used to partially correct the in vivo phenotype [109] . Such results provide evidence for the potential to edit myotube genotypes to correct or exacerbate the phenotype for in vitro studies.
This ongoing work suggests that iPSC-derived skeletal muscle cells will soon be more widely available, and the capacity to produce purified myotubes reliably from dystrophic sources will likely follow soon after. As such, the development of engineered patient-specific human muscular dystrophy models with which to evaluate novel treatment modalities ahead of animal studies represents a tangible goal for the near future.
Current in vitro models of muscular dystrophy
Given the lack of robust methods for generating human iPSCderived skeletal muscle myoblasts, relatively few models of human skeletal muscle diseases currently exist. Primary fibroblasts from patients with DMD or BDM have been differentiated successfully into fusion-competent myoblasts and these cells were shown to be capable of further differentiation into MyHC-positive myotubes [100] . Although these cells were used to test muscular dystrophy therapies currently in preclinical and clinical stages of development [IGF-1 and wingless-type MMTV integration site family, member 7A (Wnt7a); Fig. 3a] , little evaluation of in vitro phenotype stratification between wild-type and diseased cells was performed. Therefore, it
is not yet clear whether such cells offer a viable source of dystrophic cells for downstream in vitro phenotypic screening assays.
A 3D tissue-engineered model of DMD has also been produced using primary cells derived from the mdx mouse [51] . This study generated a high-throughput (96-well) 3D contractility assay using microengineered artificial muscles and used it to screen potential therapeutic drug candidates for their capacity to improve dystrophic muscle contractile function. Eleven of the tested compounds significantly improved tetanic contractile function in these constructs compared with placebo-treated controls, demonstrating the potential utility of this disease model for therapeutic screening. However, no significant difference in contractile properties was observed between wild-type and dystrophic constructs. Given that fetal MyHC expression patterns were observed in these cells, it is possible the constructs had not matured to a point where phenotypic differences were present, highlighting the need to use suitable maturation strategies for effective development in late-onset disease models. Microengineered muscle has been used more generally as a screening platform for evaluating the physiological effect of drugs on muscle performance (Fig. 4) . Such data highlight the potential widespread utility of such technology, beyond specific studies of dystrophic muscle, for evaluating muscle performance in response to different experimental conditions. Despite their limitations, these studies highlight the potential for engineered muscle tissues to uncover important mechanisms behind the initiation and progression of dystrophic pathology.
The advantages of high throughput, increased reproducibility, reduced cost, and the defined nature of engineered muscle platforms over animal models provide sufficient incentive to utilize and optimize these technologies for disease modeling and drug discovery applications (Fig. 5) . As engineered muscle maturation methods improve, and iPSC-derived myoblasts become more readily available, the importance of engineered skeletal muscle 
FIGURE 5
Schematic illustration highlighting how development of microphysiological skeletal muscle models can help drive improvements in the care of patients with dystrophy. Abbreviation: iPSC, induced pluripotent stem cells.
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Current limitations and future perspectives
Perhaps the most obvious limitation of current methods to generate mature skeletal muscle is that no single strategy has yet been able to promote complete maturation of engineered constructs to a state indistinguishable from native adult human muscle tissue. It seems likely that combinatorial methods, integrating multiple exogenous stimuli, will be necessary to achieve these ends. Studies have shown that combining electrical stimulation with mechanical strain improves skeletal muscle maturation over and above what is achievable with either stimulus alone [29, 110] . Similarly, studies into the sequential addition of multiple growth factors describe the increased benefit of supplementation to cultures of skeletal muscle myotubes [75] . Likewise, the addition of neuronal factors has been shown to promote the spontaneous contractile activity of cultured human myotubes, and a lack of contraction is observed when these factors are omitted [111] . Using current technology, there is no substitute for combinatorial maturation methods to generate fully adult tissues. However, the integration of multiple signals increases the overall cost, feasibility, and reproducibility of the culture model, potentially eliminating the widespread adoption of such systems. Integration of the fewest maturation signals that still achieve efficient and consistent differentiation as well as maximal maturation will ensure widespread adoption of such systems and, therefore, preclinical and eventual clinical utility. Which combined stimuli are necessary and sufficient to produce muscular tissues with adequate maturity for disease modeling and predictive drug screening applications have yet to be established, but are important as these platforms move toward commercial realization. Another factor limiting the effective implementation of human engineered muscle models is an understanding of what a mature in vitro phenotype will entail. Most researchers agree that functional outputs for skeletal muscle, in terms of contractile force, conduction velocities, and action potential waveforms, mature over time, and adult profiles are needed to model tissue function effectively [21, 33] . However, if such functionality can be achieved using human cell sources that still exhibit immature gene expression profiles, is this sufficient for effective modeling purposes? In other words, if maturity remains incomplete in engineered muscle tissue, which factors are most important to push toward adult-like values, and which can be forfeited?
A third consideration associated with the use of iPSCs in muscle engineering is the inherent variability between patient-derived lines. Human stem cells have long been known to exhibit significant interline variability in terms of doubling time, transcriptional profile, germ layer predisposition, and propensity to form teratomas [112] . Part of this variability can be attributed to different culture techniques between labs. However, the biggest contributor is the enormous genetic variation inherent in the population that is completely independent of the disease under study. Despite the understanding that this variation exists, little has been done to characterize the extent of this variability, or to develop the means to screen potential cell sources in an efficient, cost-effective, and high-throughput manner. Variability between lines is a significant roadblock to application of patient-based iPSC disease modeling because it might prevent effective comparisons between cell types, limiting the general conclusions that can be drawn for a given condition. This is why most laboratories have embraced the use of CRISPR/Cas9 technology to genetically engineer the desired mutation in an iPSC line from a normal donor [92, [113] [114] [115] [116] . This approach creates a matched set of cell lines, with the only difference being the CRISPR-introduced mutation. One disadvantage of this approach is that one or a few 'representative' mutations (usually null alleles) causing a disease are chosen, with the assumption that a therapeutic intervention for that mutation can also be applied to all patients regardless of their mutations. It remains to be seen whether this will be true. However, if consistent in vitro phenotypes resulting from engineered mutations can be achieved, then the use of these models for informing decisions on the efficacy and/or toxicity of a drug is attainable in the near future. The genetic engineering approach, coupled with the development of comprehensive screening metrics with which to evaluate different patient-derived iPSC lines, will work in concert to ensure consistency and comparability across studies utilizing different cell sources.
Concluding remarks
Advances in tissue-engineering strategies have led to significant improvements in the biomimicry of engineered skeletal muscle in recent years. Combined with emerging iPSC-related technologies for differentiating human skeletal muscle cells, the potential for generating predictive congenital disease models of human muscle tissues is in its infancy but rapidly expanding. However, to recapitulate late-onset disease phenotypes and adult muscle physiologies accurately, further work is required to drive the development and maturation of cultured constructs. As our ability to achieve more adult-like physiologies improves, the capacity for tissueengineered skeletal muscle to augment current animal models and drive forward our understanding of dystrophic disease mechanisms will likewise expand.
